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additional volume.  The precipitation of RNA was performed for 24 h at -20 oC to increase 

RNA yield.  Following final centrifugation, the pellet was dissolved in 30 µL RNase-free 

water to concentrate the extracted RNA further.  Aliquots of extracted RNA isolations were 

kept at -80 oC until quality control and sequencing was performed.   

2.2.5 RNA Library Construction and Sequencing 

RNA extractions were sent for transcriptome analysis on the Illumina HiSeq 2000 at 

the Genome Quebec Innovation Center at McGill University in Montreal, Quebec, Canada.  

Extracted RNA was analyzed in house to assure sufficient quality for sequencing on the 

Illumina HiSeq 2000.  Samples with RNA Integrity Numbers (RIN) over 7 and 

concentrations of at least 100 ng/ul were sent off for analysis, with additional QC checks 

performed at Genome Quebec prior to sequencing.  Depletion of rRNA was also performed 

before sequencing using the Illumina Ribo-Zero rRNA Removal Kit for Bacteria, enhancing 

mRNA quantity in each sample for improved functional assignments.  Duplicate samples 

were sequenced to ensure sample accuracy. 

2.2.6 Bioinformatic Analysis 

Paired end-reads obtained from Illumina HiSeq were uploaded to the MG-RAST 

(Meta Genome Rapid Annotation using Subsystem Technology, v3.1) server at the Argonne 

National Library (http://metagenomics.anl.gov/) (Meyer et al. 2008). This automated 

bioanalysis pipeline is used for the analysis of large shotgun metagenomic datasets, targeted 

amplicons, and metatranscriptome RNA-seq datasets. Functional assignments using KEGG 

orthology within MGRAST assigned over 500 000 annotations for each of the Ells River 

(ER) and Steepbank (STB) samples, with over 1.5 million assigned to the groundwater plume 

(GP). Quality scores (Phred) were set at Q=30, to remove low-quality reads, and subsequent 
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FIGURE 4 Selected normalized gene expression data outlining dominant processes 

revealed in the differential expression analysis, associated with aromatic degradation, 

chemotaxis, sulfate reduction, methanogenesis, phototrophic activity, nitrogenases. For 

complete list of differentially expressed genes see Appendix B. 
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FIGURE 5 Phenylacetate degradation pathway with noted expression of PaaABCE and 

PaaK in the reservoirs 
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FIGURE 6 Normalized taxonomic read abundances of major phyla identified by 16S rRNA 

amplicon sequencing, plotted using Circos software (Krzywinski et al. 2009).  
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Table 1 Geochemical characteristics of both Poplar Creek Reservoir and Ruth Lake, 

showing average (n=2) Total Metals and Nutrient concentrations. 

  Sample Site 

  RL PCRShallow PCRDeep 

Total Metals 

[µg/L] 

Aluminum, Total Recoverable 51.6 16.7 17.3 

Boron, Total Recoverable 186.0 193.0 190.0 

Iron, Total Recoverable 503.0 202.0 194.5 

Barium, Total Recoverable 36.2 43.7 43.6 

Lithium, Total Recoverable 21.4 24.1 24.0 

Manganese, Total Recoverable 109.0 85.4 85.1 

Strontium, Total Recoverable 165.0 185.0 184.5 

Calcium, Total Recoverable 27600.0 34600.0 34500.0 

Magnesium, Total Recoverable 10900.0 12100.0 12050.0 

Potassium, Total Recoverable 2470.0 2080.0 2070.0 

Sodium, Total Recoverable 37600.0 42600.0 42950.0 

Nutrients 

[mg/L] 

Carbon, Dissolved Inorganic 34.6 41.3 44.0 

Carbon, Dissolved Organic 28.2 20.4 22.2 

Total Nitrogen 1.4 1.1 1.0 

Total Phosphorus 0.0 0.0 0.0 
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Table 2 Water column measurements of DO (dissolved oxygen), Temperature, 

Conductivity, pH and ORP (oxidation-reduction potential). Measurements were taken at 

the surface and just above the sediment-water interface 

Location 

Depth 

(m) 

DO 

(mg/L) 

Temp 

[oC] 

Cond. 

(uS/cm) pH 

ORP 

(mV) 

RL 0.065 9.40 13.6 275 7.93 210 

 0.961 6.51 13.8 422 7.23 144 

 

PCRShallow 0.123 7.89 14.6 331 7.58 268 

 2.136 6.79 14.4 331 7.60 272 

       
PCRDeep 0.25 7.98 15.1 335 7.76 220 

 12.38 1.35 7.31 314 7.09 18.1 
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4.1 Introduction 

While water quality and ecological changes within the lower Athabasca River (LAR) 

are often perceived to be resultant from industrial oil sand deposit exploitation, the 

differentiation of industrial versus natural contributions of hydrocarbons is a complex and, 

yet, unresolved issue. Additionally, there has yet to be definitive studies identifying 

fundamental biogeochemical shifts attributed to this natural polycyclic aromatic 

hydrocarbon (PAH) signature. No proven fingerprinting method to achieve the above has 

been proven or accredited to date (Culp et al., 2018). Further, Culp et al. (2018) and Kirk et 

al. (2018) have suggested that while there is significant data on particulate atmospheric 

deposition, there is no information or model that can project the proportion of surface 

washoff that enters a river course. As such, Droppo et al. (2018) suggests that most of the 

PAHs that are transported within the rivers of the LAR are derived from hillslope and channel 

erosion of the McMurray formation (MF) (the geologic formation that defines the minable 

oil sands deposit), and not from direct or atmospheric anthropogenic inputs.    

Regardless of PAH source, a substantive knowledge gap in relation to how the 

microbial consortium, 1) is influenced by the high hydrocarbon content of the sediments 

(suspended and bed), and 2) on how the microbes influence the contaminant speciation of 

the PAHs. Both of these synonymous biochemical processes will inevitably alter the 

biogeochemical footprints with concomitant impacts on the natural ecology. While most 

studies of contaminants and microbial impacts in rivers have been studied only on the bed 

sediment community structure (e.g. biofilms – Yergeau et al. 2012), few studies have 

characterized the dynamics of bitumen containing suspended sediment (SS) within rivers of 

the LAR. Droppo et al. (2018) did observe temporal and spatial trends in SS loads and PAH 
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signatures with distance downstream for the Ells and Steepbank (STB) rivers using passive 

SS samplers. They however did not investigate any microbial influence relative to these 

spacial and temporal trends. Recent studies have begun to unravel the natural microbial 

structure within bed sediments in the region (Reid et al., 2019; Reid et al., 2018; Yergeau et 

al., 2012), though there remains a lack of understanding with respect to the true microbial 

function within the entire region, including both SS and bed sediments. Further, there are, to 

our knowledge, no studies that provide potential gene biomarkers which reveal statistically 

differing expression patterns as a direct result to increasing hydrocarbon exposure of the MF. 

Tracking contaminants is clearly not a new area of research. For years, scientists have 

studied contaminant sites such as those of the Exxon Valdez oil spill and the Deep-Water 

Horizon disaster. In most studies tracking contaminant distribution, conventional 

geochemical testing in association with taxonomic surveys, only provides researchers a 

glimpse into the effects these contaminants have on the natural ecology. What has been 

missing is how the primary producers, such as the diverse microbial communities found in 

all lakes, rivers and streams, deal with the stressors resulting from the exposure to various 

compounds. Shifts in the functional attributes of microbial communities are direct and 

primary biological responses, that can induce ecosystem-wide alteration. What is too often 

the case is that contaminant sites are only studied after contamination has occurred, leaving 

a knowledge gap as to the true baseline character of the ecosystem prior to xenobiotic 

exposure. 

This study uses metatranscriptomics analyses to determine the efficiency of shotgun 

gene expression surveys for tracking the microbial response to increasing hydrocarbon 

exposure in SS and bed sediments through the river continuum of the Steepbank River (STB) 
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of the LAR (Alberta, Canada). A control location upstream of the natural hydrocarbon 

deposit (MF) provide our reference site within the same river continuum, void of any 

hydrocarbon signature. This research aims to provide 1) insight into the natural genetic 

response of microbes to increasing hydrocarbon exposure, and 2) provide potential gene 

biomarkers that reveal statistically differing expression patterns as a direct result to 

increasing hydrocarbon exposure. This has strong implications worldwide, where gene 

expression surveys of aquatic microbial communities could be ideal tools in tracking 

contaminant exposure, be it legacy or otherwise.  

 This chapter brings clarity and insight into the baseline characteristics of the MF, and 

how they relate to external ecosystems, outside of the MF. Results and conclusions gained 

here, will provide a better understanding of how the MF itself shapes the biogeochemical 

signature within various aquatic ecosystems, allowing direct comparison to sites outside of 

the hydrocarbon influence. Herein we assess the baseline conditions representative of the 

MF itself, as they relate to baseline conditions outside of the MF. 

4.2 Methods 

4.2.1 Sampling Site Descriptions 

Sampling sites were collected on the Steepbank River (STB) at three sites 

representing a gradient of PAH concentrations from upstream to downstream (Figure 1). The 

middle to lower reaches of STB cuts through the MF, the ore deposit constituting the 

Athabasca Oil Sands. The upstream site was located within the Clearwater Formation (CF) 

and as such contained marginal to no bitumen. Sample sites from upstream to downstream 

are therefore designated CF-Low, MF-Med, and MF-High. All samples are presumed to 

represent the natural PAH characteristics of the STB given there are legislated no direct 
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discharges from industrial properties. If there were an input, it can only be from atmospheric 

deposition which will be highly diluted by the volume of water in the rivers and the primary 

source of particle load being from the channel itself (Droppo et al. 2018).  

The STB flows from the east, with an elevation change from 625 to 320 m at the 

confluence with the Athabasca River (Figure 1). MF is composed of minable bitumen-rich 

deposits combined with fine- to coarse-grained sand interbedded with lesser amounts of silt 

and clay (Musial et al. 2012; Haug et al. 2014). STB has a mean annual flow of 4.8 m3 s-1 

and is considered a groundwater dominated river with an average of 50 % of flow derived 

from groundwater (Gibson and Birks, 2016).  

4.2.2 Sediment Collection 

Sediments were collected from both the river beds and suspended particulates. Bed 

sediments were collected in triplicate into sterile 5 ml cryotubes, and flash frozen in liquid 

nitrogen in the field for nucleic acid extractions. Bulk sediments were collected into 500 ml 

HDPE Nalgene Bottles with no headspace and kept frozen until analysis. 

SS were collected by a portable continuous-flow centrifugation (Alfa-Laval model 

WSB 103B). Water was pumped (4 L min-1) to the centrifuge by a 5C-MD March 

submersible pump located in the middle of the river at mid depth. Recovery of SS was greater 

than 90% (% recovery = outflow TSS/inflow TSS). Sediment collected in the centrifuge bowl 

was immediately removed and placed in 5 ml cryotubes and flash frozen as above. Total 

PAH data from each sampling location was obtained from the Regional Aquatics Monitoring 

Program (RAMP) database (www.ramp-alberta.org). 
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4.2.3 SEM Analysis 

Bulk bed sediments were analyzed by Scanning Electron Microscopy (SEM), to 

understand particle distribution and evidence for hydrocarbon signatures. Specifically, the 

Environmental Scanning Electron Microscope (FEI Quanta200F, Eindhoven, Netherlands) 

was used at the Great Lakes Institute for Environmental Research (GLIER), University of 

Windsor (Windsor, ON, Canada). Here, analyses were performed at high vacuum (20 kV) 

with a theoretical spot size of 2.6 nm. Grain inspections and size distributions were 

performed using both secondary electron (SE) and backscattered electron (BSE) detectors. 

Elemental composition analysis was performed with the EDAX® SiLi detector (EDAX, 

Mahwah, New Jersey, USA). 

4.2.4 DNA/RNA Extractions & Library Preparation  

Total DNA extractions were carried out in duplicate using the MoBio Powersoil Total 

DNA Isolation Kits (now Qiagen DNeasy Powersoil Kit). Sediments were extracted 

according to manufacturer protocols. To explore the V5/V6 region of 16S rRNA gene, 

extracted DNA was amplified and purified according to Reid et al. (Reid et al. 2016a). 

Briefly, dual polymerase chain reactions (PCR) were performed to initially amplify the 

V5/V6 region, followed by a second barcoding PCR to uniquely identify samples for pooling 

and sequencing on the Ion Torrent PGM platform (Life Technologies, Carlsbad, California) 

at the Great Lakes Institute for Environmental Research at the University of Windsor 

(Windsor, Ontario, Canada). Quality and concentrations of pooled DNA libraries were 

analyzed on the Agilent 2100 Bioanalyzer prior to sequencing. 

Total RNA extractions were performed using the MoBio Powersoil Total RNA 

Isolation Kits (MoBio Laboratories; Carlsbad, California) per slightly modified protocols. 



110 

 

Initial sediment quantity for extraction was bumped to 5 g to increase overall RNA yield. All 

reagents and samples were kept on ice throughout extraction to maintain RNA integrity and 

minimize degradation throughout the extraction. Quality and concentrations were analyzed 

on the Agilent 2100 Bioanalyzer, where concentrations exceeded 100 ng/µL, and quality 

scores exceeded RIN # of 7.5. Samples of sufficient quality and concentration were sent in 

duplicate to Genome Quebec Innovation Center at McGill University in Montreal, Quebec, 

Canada. There, samples were again checked to ensure they met quality control standards, 

and rRNA-depletion (Illumina Ribo-Zero rRNA Removal Kit, bacterial and yeast) was 

performed to enhance the mRNA concentration. Samples were then sequenced on the 

Illumina HiSeq 4000 Nextgen sequencer.  

4.2.5 16S Community Structure Analysis 

Microbial taxonomy was determined for augmentation of the metatranscriptomics 

dataset, providing information as to which microbes were likely associated with observed 

gene expression. Raw sequences were processed through the MacQiime (v.1.9.1) pipeline 

(www.qiime.org), an open-source bioinformatics pipeline for 16S sequences (Caporaso et al. 

2010). Sequence files were filtered and sequences with a Phred score below 20 were omitted. 

Sequences were then clustered into operational taxonomic units (OTUs), omitting singletons 

and doubletons, at a similarity threshold of 97% using the uclust algorithm. Chimeras were 

removed using the usearch61 algorithm with MacQiime. Taxonomy was assigned to 

representative OTU sequences for each cluster, using the default GreenGenes database, at a 

90% confidence threshold. Relative abundances (% of reads per sample) were calculated in 

order to gain an understanding of the dominant taxa and those proportionally different 

between sample sites.  
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4.2.6 Metatranscriptomics Data Processing and Differential Expression Analysis 

All raw metatranscriptomics sequence data was processed through the MG-RAST 

(MetaGenomics Rapid Annotation using Subsystem Technology) pipeline (Meyer et al. 

2008). This automated pipeline was designed for the analysis of high-throughput sequencing 

datasets, proving both functional and phylogenetic summaries. Raw paired-end sequence 

files were submitted, where pairing, quality filtering, and the annotation of functional genes 

was performed. A Phred quality score of >30 was applied to submitted raw sequence files. 

Transcripts were annotated to the KO (Kegg Orthology) database. Visualizations for gene 

expression correlations were performed using the START app, a web-based RNAseq 

analysis and visualization resource (Nelson et al. 2017). Raw expression values were 

normalized to counts per million using the limma package (Linear Models for Microarray 

and RNA-seq Data) of R/Bioconductor, within the START application. Gene expression 

boxplots are expressed as logCPM values, and p-values are provided where statistical 

significance is noted. Mean-variance modelling at the observation level (voom) was utilized 

for the log counts per million (logCPM) determination. Expression heatmaps were created 

through Heatmapper, a free online server for the creation of heatmaps and other visualization 

tools (Babicki et al. 2016). 

4.3 Results and Discussion 

4.3.1 Physicochemical Characteristics of SS and Bed Sediments 

Spatial trends of PAH concentrations in the suspended and bed sediments of the STB, 

were measured at the 3 sample sites. PAH concentrations (Figure 2) indicate a generally 

increasing load of PAH moving downstream from CL-Low (upstream) to MF-High 

(downstream). Overall, there is a significant increase in total PAH as exposure increases 
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through the MF, with concentrations totaling 34.8, 118.3 and 425.5 ng/L at CF-Low, MF-

Med and MF-High respectively. These findings correlate with those of Droppo et al., (2018), 

who also observed increases in PAH loadings in the SS moving through the formation in the 

STB. Interestingly, the highest concentration PAHs were alkylated compounds, specifically 

C2, C3, C4-Dibenzothiphenes, C2, C3, C4-Phenanthrenes/Anthracenes, C2-

Fluoranthenes/Pyrenes and C4-Napthalenes. These alkyl homologs are indicative of the MF 

and have been used as indicators of the bitumen deposit in various other studies, as they can 

reveal minute variations within the deposit (Droppo et al. 2018).  

Scanning Electron Microscopy also revealed similar trends of increasing 

hydrocarbon concentrations within the bed sediment. Figure 3 reveals the interstitial 

hydrocarbon content of the bed sediments, where increasing carbon content correlates to the 

observed bituminous compounds within the interstitial sediment grains. RAMAN 

spectroscopy partially confirmed the bitumen content within MF-High, revealing peaks 

potentially indicative of the aromatic hydrocarbons with the MF bitumen (Appendix C). The 

presence of bitumen in the interstitial pore spaces of several prepared SEM slides portrays 

the truly ubiquitous presence of the PAHs in the sediments of the MF. Additionally, visual 

analysis on the SEM appeared to show a decreasing trend in particle size distribution from 

CF-Low to MF-High. Sediment particles appeared to be well sorted upstream of the MF,  

It is interesting to note that CF-Low does in fact contain some measurable PAHs 

despite being outside of the McMurray Formation (though no bitumen was observable under 

the SEM). However, this could be attributed to natural PAHs resulting from combustion of 

organics such as wood or grasses, or perhaps some other anthropogenic influence (e.g., 

atmospheric deposition). This is especially relevant in this region, where a large forest fire 
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swept through a year earlier and would have inevitably introduced a PAH signature to the 

natural landscape. However, this type of PAH is indicative of pyrogenic origin, and thus is 

chemically different than the PAH signature of the MF. Droppo et al., 2018 indicated that 

there was a correlation between wood/grass/coal burning and low flow events, which may 

be what we are observing here. Nonetheless, there was no visible evidence of bitumen 

derived from that from the MF within the sediments observed under the SEM. These 

chemical characterizations of increasing PAH loads within the SS and the associated 

microscopy results reveal considerable hydrocarbon content, that is not only highly 

concentrated in the bed sediments but is readily eroded and transported through the water 

column and downstream. These hydrocarbon signatures in both the water and sediment 

compartment provides an idea opportunity to characterize how the microbial community is 

dealing with such a unique hydrodynamic sediment regime under varying PAH exposures. 

4.3.2 Microbial Community Structure & Functional Dynamics 

4.3.2.1 Sequencing Summaries and Statistics 

The metataxonomic analysis consisted of a total of 12 single-end sequence files, 

averaging 88,995 raw sequences per sample. The metatranscriptomics dataset also consisted 

of 12 paired-end sequence files, with over 39 million reads per sample, averaging 46,549,109 

sequences each, with Phred quality scores all >30. Sequence files will be submitted to the 

NCBI Sequence Read Archive (SRA) upon manuscript publication. 

4.3.2.2 Microbial Community Structure (16S Amplicon) 

Metataxonomic analyses were performed in order to understand how the exposure of 

MF hydrocarbons may have altered the taxonomic distribution at each site. Figures 4 & 5 

clearly illustrate a shift in the microbial structure between the SS and bed sediments. Most 
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prominent is the dominance of Proteobacteria in both the SS and bed sediments, constituting 

approximately 61, 59 and 66 % of the community within the SS and only about 41, 43, and 

47 % in the bed sediments of CF-Low, MF-Med and MF-High respectively. In general, SS 

is more abundant in Actinobacteria, Cyanobacteria and Proteobacteria compared to their bed 

counterparts at each respective site. Bed sediments showed similar trends in community 

structure as previous studies, showing more abundant Acidobacteria, Bacteroidetes, 

Chlorobi, Chloroflexi, Firmicutes, Plantomycetes, Spirochaetes and Verrumicrobia, 

representing a diverse microbial assemblage, capable of thriving in this unique environment 

(Yergeau et al. 2012). Acidobacteria, though remaining poorly understood, are a diverse 

range of organisms ubiquitous in soils and sediments (Naether et al. 2012). Of note is the 

family Holophagaceae, containing genera capable of aromatic compound degradation, and 

Geothrix, and anaerobic chemoorganotroph generally utilizing Fe(III) as its electron 

acceptor. Bacteroidetes also comprise a diverse range of organisms and was second in 

abundance overall behind the Proteobacteria. One of the most dominant families of 

Bacteroidetes was Cytophagaceae. Within this family, a novel genus Dyadobacter is known 

to degrade xenobiotic compounds in tar-contaminated soils (Willumsen et al. 2005). 

Dyadobacter was most observed here to be most abundant in the SS at MF-Med, though 

these were at relatively low abundances overall. Still, the overall high abundance of 

Cytophagaceae suggests that there may be other genera of similar metabolic capabilities 

responsible for degradation of similarly complex carbon compounds. Chlorobi contains 

organisms that are both anaerobic photoautotrophs alongside obligate heterotrophs, and was 

also found in man-made reservoirs in the region (Reid et al. 2019). It’s presence in the bed 

sediments indicates a response to sulfide production deeper within the sediments, perhaps 


